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In the original manuscript, there was an error with our bioinformatics workflow, whereby
seagrass-associated reads were not removed prior to taxonomic profiling of the fungal community
in seagrass-associated microenvironments. As a consequence, incorrect assignment of some
seagrass ITS sequences as fungal sequences occurred in some instances, leading to inflated levels
of fungi, particularly from the Glomeraceae and Rhytismataceae groups. We have re-analyzed
the data after ensuring that seagrass ITS sequences have not been incorrectly assigned as fungi.
Due to the low number of fungal sequencing reads from the leaf that remained after removal of
putative seagrass sequences, only the mycobiomes associated with seagrass roots and rhizomes,
sediments and seawater were compared using exactly the same approaches described in the
published manuscript. Text from the original article has been updated to reflect a shift in patterns
in mycobiome data that resulted from the exclusion of ITS sequences that were, subsequent to the
publication of Hurtado-McCormick et al. (2019), found to be associated with seagrass leaf material
rather than fungi. As a consequence, this led to the removal of reference to Glomeraceae and
Rhytismataceae data as following new analysis it was determined that sequences assigned to these
groups are present in lower proportions than originally reported. Corrections have been made to
the interested sections.
A correction has been made to Materials and Methods section, Sequence Data Analysis,
paragraph 3:
Initial sequence processing for fungal ITS genes was conducted using QIIME, v1.9.1
(Caporaso et al., 2010). Briefly, low-quality regions were trimmed from the 5′ end of
sequences, and paired ends were joined with fastq-join (Aronesty, 2011, 2013) and de-
multiplexed. Sequences containing ambiguous bases were removed from the dataset along
with low-quality reads and chimeric sequences. Referenced-based chimera detection (Nilsson
et al., 2015) was performed using the UCHIME algorithm from the USEARCH package
(Edgar, 2010; Edgar et al., 2011) implemented within VSEARCH, v2.3.2 (Rognes et al.,
2016). OTUs were defined as clusters of 97% sequence similarity using UCLUST (Edgar,
2010). The resultant OTU table was filtered to remove singletons and seagrass-affiliated
sequences. OTU sequences were screened for non-fungal sequences using BLAST (Altschul
et al., 1990), against the nucleotide database from the National Center for Biotechnology
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Information (NCBI). Non-fungal sequences were identified using
BASTA (Kahlke and Ralph, 2019) and the following parameters:
-l 250 (sequence length), -m 0 (mismatches), and -i 97 (identity).
These sequences were subsequently removed from the dataset.
Final taxonomies were assigned to the filtered OTU set (i.e.,
sequences of unknown origin) using the UNITE database v6.9.7
(Koljalg et al., 2013), BLAST, and vBLASTC (Altschul et al.,
1990). Finally, the resultant filtered OTU table was rarefied to an
even number of sequences per samples to ensure equal sampling
depth (i.e., lower number of sequences per sample = 1456).
Given the nature of this study’s experimental design and the
importance of replication in complex datasets, the rarefaction
cut-off was chosen to include at least triplicates per sample
type (Supplementary Table 9). Due to the low number of fungal
sequencing reads from the leaf that remained after removal of
putative seagrass sequences, only the mycobiomes associated
with seagrass roots and rhizomes, sediments and seawater were
used for further post-sequencing analyses, while the seagrass
leaf samples were omitted from cross-sample comparisons.
A separate re-analysis of these samples with unrarefied data
supported all of the scientific conclusions of our original
manuscript, except for the predominance of the Rhytismataceae
family in the upper leaf mycobiome, which instead represented
rare taxa (relative abundance < 1% in all samples) within
seagrass-associated fungal communities.
A correction has been made to the Results and Discussion
section, The Seagrass Mycobiome, paragraphs 1-3 and 5:
Although less studied in seagrasses, several fungi have been
demonstrated to be highly beneficial for aquatic and terrestrial
plant fitness while establishing intimate relationships with
their host (i.e., mycorrhizal associations) to facilitate nutrient
uptake or compete against other potentially pathogenic microbes
(Azcon-Aguilar et al., 1999; Kohout et al., 2012; Raghukumar,
2012). In this study, fungal communities associated with
Z. muelleri displayed significantly different levels of alpha
diversity for the two measured indices (Chao1 and Shannon’s
Index) between both seagrass microenvironments (pChao1 =
0.0006, pShannon′s = 0.0001) and sampling sites (pChao1 =
0.0051, pShannon′s = 0.0010) (Supplementary Table 7). Our
post-hoc analyses indicated that the differences across habitats
were mostly driven by differences between Lake Macquarie
and all other sites. At Lake Macquarie, fungal microbiomes
exhibited significantly lower levels of alpha diversity (p <
0.05, Supplementary Table 7). Moreover, several significant
differences in alpha diversity were observed between seagrass
microenvironments within each site (Supplementary Table 7).
Even though some of these differences varied from site to site,
general patterns were similar to those observed for microalgal
assemblages, whereby seagrass-associated microenvironments
(here roots and rhizomes only) had lower levels of fungal
diversity than the surrounding seawater and sediments
(Figure 2). This is possibly due to antifungal chemical defenses
and physiological responses from the host against co-occurring
marine fungi, which have been well described for other seagrass
species (Ross et al., 2008).
Consistent with the patterns observed for bacterial and
microalgal assemblages, fungal community structure varied
significantly across both seagrass microenvironments (p =
0.0001) and sampling sites (p = 0.0001). Notably, all sites
differed significantly from each other (p < 0.05). However,
the differences between microenvironments within each
sampling location explained a greater level of variation
between mycobiomes compared to the differences between
sites [ECV, Mi(Si) = 1262.70, Supplementary Table 8].
Roots and rhizomes, sediment and seawater communities
formed discrete, separated clusters within each site,
as evidenced in nMDS (Figure 10) and CLUSTER
(Supplementary Figure 7) analyses. However, such clear
separation of fungal communities between microenvironments
was not apparent in unrarefied data from leaf samples
(Supplementary Figure 6).
Fungal OTUs identified within four taxonomic groups
consistently dominated fungal assemblages across the three
microenvironments and four sampling locations studied here
(Figures 11, 12). This is consistent with the hypothesis of
extreme ecological flexibility acclaimed for obligate marine
fungal species (Nicoletti and Andolfi, 2018). OTUs matching the
order Pleosporales (291 unique OTUs) and the speciesWallemia
ichthyophaga (54 unique OTUs) represented the most abundant
fungi across the roots and rhizomes, sediments and seawater
microenvironments, making up an average of 38 and 18% of these
communities, respectively (Figures 11, 12). Many freshwater and
marine species of Pleosporales have been described to date,
including several endophytes and saprophytes of plants, as well
as symbionts, parasites and pathogens of seagrasses and marine
macroalgae (Suetrong et al., 2009; Zhang et al., 2009; Boonmee
et al., 2012; Hyde et al., 2013; Hashimoto et al., 2017). Some
species are also dominant members of microbiomes associated
with mangroves, showing a microenvironmental preference
for intertidal parts of the host, which occur above the water
level (Raghukumar, 2012). Our observations of predominant
Pleosporales OTUs across all three microenvironments and
particularly within roots and rhizomes, where these fungi
represented 55% of the mycobiome, are highly consistent with
previous reports of the dominance of a single marine fungus from
the Pleosporales, probably representing a new genus, associated
with the roots of the seagrass species Posidonia oceanica (Vohník
et al., 2016). While, to our knowledge, the other dominant fungal
species, W. ichthyophaga, has not previously been reported in
seagrasses, it has been found to occur in association with other
benthic marine organisms, including corals (Raghukumar, 2012).
We also observed OTUs that dominated the microenvironments
surrounding the seagrass. These included the species Mortierella
horticola (42 unique OTUs) and unclassified members of the
Pezizomycetes class (7 unique OTUs), which represented 7
and 0.38% of the sediment and seawater fungal communities,
respectively (Figures 11, 12). Despite its low relative abundance,
the Pezizomycetes was the only taxon that differed significantly
across the three seagrass microenvironments (p = 0.013,
Figure 12). Nevertheless, further exploration of our beta diversity
data revealed high relative abundances and high contributions
to microenvironmental dissimilarities of the other fungi
aforementioned, suggesting their potential importance within the
seagrass mycobiome.
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Here we chose to use 97% similarity criteria for defining fungal
OTUs characterized using our ITS sequencing approach, which
we consider a suitable conservative approach given the lower
levels of taxonomic diversity covered in fungal ITS databases
(relative to e.g., bacteria) and is consistent with values previously
used to characterize the mycobiome associated with terrestrial
plants (Giordano et al., 2009) and coastal grasses (Sánchez-
Márquez et al., 2008). The overall dominance of four taxonomic
groups across the three microenvironments studied here is in
line with previous observations of very narrow mycobiomes
associated with seagrasses (Devarajan and Suryanarayanan, 2002;
Vohník et al., 2016), plants from salt marshes (Al-Nasrawi and
Hughes, 2012), mangroves (Xing and Guo, 2011), and other
aquatic plants (Kohout et al., 2012). Nevertheless, and similar
to microalgae, we did not observe a conserved “core” of fungal
associates within any of the seagrass microenvironments (here
roots and rhizomes only), and a core fungal microbiome of two
members was only identified for the seawater microenvironment.
These core OTUs belonged to the family Glomeraceae and
the order Pleosporales. Our results are indicative of a weaker
ecological coupling between seagrasses and fungal taxa, relative
to that observed for seagrass bacterial interactions. We propose
that, relative to bacteria, which appear to display highly specific
interactions with different components of the plant due to a
stronger influence of the conditions at the microscale, seagrass-
associated fungi appear to establish more generalist relationships
with their host.
In the original article, there was a mistake in some figures
and tables.
The corrected Figure 2 appears below. Secondary Y-axis titles
have been added to the figure to improve clarity. The figure
legend was not interested and has not changed.
The corrected Figure 10 and Figure 10 legend appear below.
The corrected Figure 11 and Figure 11 legend appear below.
The corrected Supplementary Table 8 appears below.
The corrected Figure 12 and Figure 12 legend appear below.
The corrected Supplementary Figure 6 and
Supplementary Figure 6 legend appear below.
The corrected Supplementary Figure 7 and
Supplementary Figure 7 legend appear below.
The corrected Supplementary Table 7 appears below.
The authors apologize for this error and state that this does
not change the scientific conclusions of the article in any way.
The original article has been updated.
REFERENCES
Al-Nasrawi, H. G., and Hughes, A. R. (2012). Fungal diversity associated with salt
marsh plants Spartina alterniflora and Juncus roemerianus in Florida. Jordan J.
Biol. Sci. 5, 247–254.
Altschul, S. F., Gish, W., Miller, W., Myers, E. W., and Lipman, D. J.
(1990). Basic local alignment search tool. J. Mol. Biol. 215, 403–410.
doi: 10.1006/jmbi.1990.9999
Aronesty, E. (2011). Command-line Tools for Processing Biological Sequencing
Data. Expression Analysis/ea-utils. Available at: https://github.com/
ExpressionAnalysis/ea-utils/blob/wiki/FastqJoin.md (accessed September
13, 2016).
Aronesty, E. (2013). Comparison of sequencing utility programs.Open Bioinforma.
J. 7, 1–8. doi: 10.2174/1875036201307010001
Azcon-Aguilar, C., Bago, B., and Barea, J. M. (1999). “Saprophytic Growth of
Arbuscular Mycorrhizal Fungi,” in Mycorrhiza: State of the Art, Genetics and
Molecular Biology, Eco-Function, Biotechnology, Eco-Physiology, Structure and
Systematics, Second Edn, eds A. Varma and B. Hock (Heidelberg: Springer).
Boonmee, S., Ko, T. W. K., Chukeatirote, E., Hyde, K. D., Chen, H., Cai,
L., et al. (2012). Two new kirschsteiniotheli a species with dendryphiopsis
anamorphs cluster in kirschsteiniotheliaceae fam. nov.Mycologia 104, 698–714.
doi: 10.3852/11-089
Caporaso, J. G., Kuczynski, J., Stombaugh, J., Bittinger, K., Bushman, F. D.,
Costello, E. K., et al. (2010). QIIME allows analysis of high-throughput
community sequencing data. Nat. Methods 7, 335–336.
Devarajan, P. T., and Suryanarayanan, T. S. (2002). Endophytic fungi associated
with the tropical seagrass Halophila ovalis (Hydrocharitaceae). Indian J. Mar.
Sci. 31, 73–74.
Edgar, R. C. (2010). Search and clustering orders of magnitude faster than BLAST.
Bioinformatics 26, 2460–2461. doi: 10.1093/bioinformatics/btq461
Edgar, R. C., Hass, B. J., Clemente, J. C., Quince, C., and Knight, R. (2011).
UCHIME improves sensitivity and speed of chimera detection. Bioinformatics
27, 2194–2200. doi: 10.1093/bioinformatics/btr381
Giordano, L., Gonthier, P., Varese, G. C., Miserere, L., and Nicolotti, G. (2009).
Mycobiota inhabiting sapwood of healthy and declining Scots pine (Pinus
sylvestris L.) trees in the Alps. Fungal Divers. 38, 69–83.
Hashimoto, A., Matsumura, M., Hirayama, K., and Tanaka, K. (2017). Revision
of lophiotremataceae (Pleosporales, Dothideomycetes): aquasubmersaceae,
cryptocoryneaceae, and hermatomycetaceae fam. nov. Persoonia 39, 51–73.
doi: 10.3767/persoonia.2017.39.03
Hyde, K. D., Jones, E. G., Liu, J.-K., Ariyawansa, H., Boehm, E., Boonmee, S., et al.
(2013). Families of dothideomycetes. Fungal Divers. 63, 1–313.
Kahlke, T., and Ralph, P. J. (2019). BASTA - Taxonomic classification of sequences
and sequence bins using last common ancestor estimations.Methods Ecol. Evol.
10, 100–103. doi: 10.1111/2041-210X.13095
Kohout, P., Sýkorová, Z., Ctvrtlíková, M., Rydlova, J., Suda, J., Vohník, M.,
et al. (2012). Surprising spectra of root-associated fungi in submerged aquatic
plants. FEMS Microbiol. Ecol. 80, 216–235. doi: 10.1111/j.1574-6941.2011.
01291.x
Koljalg, U., Nilsson, R. H., Abarenkov, K., Tedersoo, L., Taylor, A. F. S.,
Bahram, M., et al. (2013). Towards a unified paradigm for sequence-
based identification of fungi. Mol. Ecol. 22, 5271–5277. doi: 10.1111/mec.
12481
Nicoletti, R., and Andolfi, A. (2018). “The Marine-Derived Filamentous Fungi
in Biotechnology,” in Grand Challenges in Marine Biotechnology, eds P.
Rampelotto and A. Trincone (Cham: Springer), 157–189.
Nilsson, R. H., Tedersoo, L., Ryberg, M., Kristiansson, E., Hartmann, M.,
Unterseher, M., et al. (2015). A comprehensive, utomatically updated
fungal ITS sequence dataset for reference-based chimera control in
environmental sequencing efforts. Microbes Environ. 30, 140–150.
doi: 10.1264/jsme2.ME14121
Raghukumar, C. (2012). Biology of Marine Fungi, Vol. 53. Heidelberg: Springer
Science & Business Media.
Rognes, T., Flouri, T., Nichols, B., Quince, C., and Mahé, F. (2016).
VSEARCH: a versatile open source tool for metagenomics. PeerJ 4:e2584.
doi: 10.7717/peerj.2584
Ross, C., Puglisi, M. P., and Paul, V. J. (2008). Antifungal defenses of
seagrasses from the Indian River Lagoon, Florida. Aquat. Bot. 88, 134–141.
doi: 10.1016/j.aquabot.2007.09.003
Sánchez-Márquez, S., Bills, G. F., and Zabalgogeazcoa, I. (2008). Diversity and
structure of the fungal endophytic assemblages from two sympatric coastal
grasses. Fungal Divers. 3, 1–17.
Frontiers in Microbiology | www.frontiersin.org 3 March 2021 | Volume 12 | Article 642964
Hurtado-McCormick et al. Corrigendum: The Z. muelleri Seagrass Microbiome
Suetrong, S., Schoch, C., Spatafora, J., Kohlmeyer, J., Volkmann-Kohlmeyer,
B., Sakayaroj, J., et al. (2009). Molecular systematics of the marine
Dothideomycetes. Stud. Mycol. 64, 155–173. doi: 10.3114/sim.2009.64.09
Vohník, M., Borovec, O., and Kolaøík, M. (2016). Communities of cultivable
root mycobionts of the seagrass Posidonia oceanica in the northwest
mediterranean Sea are dominated by a hitherto undescribed pleosporalean
dark septate endophyte. Microb. Ecol. 71, 442–451. doi: 10.1007/s00248-015-0
640-5
Xing, X., and Guo, S. (2011). Fungal endophyte communities
in four rhizophoraceae mangrove species on the south coast
of China. Ecol. Res. 26, 403–409. doi: 10.1007/s11284-010-0
795-y
Zhang, Y., Wang, H. K., Fournier, J., Crous, P. W., Jeewon, R., Pointing, S. B., et al.
(2009). Towards a phylogenetic clarification of Lophiostoma/Massarina and
morphologically similar genera in the Pleosporales. Fungal Divers. 38, 225–251.
Copyright © 2021 Hurtado-McCormick, Kahlke, Petrou, Jeffries, Ralph and
Seymour. This is an open-access article distributed under the terms of the Creative
Commons Attribution License (CC BY). The use, distribution or reproduction in
other forums is permitted, provided the original author(s) and the copyright owner(s)
are credited and that the original publication in this journal is cited, in accordance
with accepted academic practice. No use, distribution or reproduction is permitted
which does not comply with these terms.
Frontiers in Microbiology | www.frontiersin.org 4 March 2021 | Volume 12 | Article 642964
Hurtado-McCormick et al. Corrigendum: The Z. muelleri Seagrass Microbiome
FIGURE 2 | Microbial mean alpha diversity across seagrass
microenvironments. Multiple comparisons between Chao1 diversity (A) and
Shannon’s diversity index (B), calculated for each taxa and microenvironment
separately, were tested for statistical significance with Permutational
Multivariate Analysis of Variance (PERMANOVA, Minkowski metric distance
matrix and nested design). Mean values for each microenvironment are
shown, and error bars reflect the standard error of the mean.
FIGURE 10 | Microenvironmental and regional partitioning of the seagrass
fungal microbiome. Non-parametric multidimensional scaling (nMDS) of fungal
microbiomes (n = 35), based on a lower triangular resemblance calculated
with the S17 Bray–Curtis similarity measure from relative abundances of OTUs
(high values down-weighted with square root). Samples are colored by
microenvironment (RR, roots and rhizomes; Sed, sediment, SW, seawater),
with different shapes for sites (PB, Palm Beach; RB, Rose Bay; N, Narrabeen
Lagoon; LM, Lake Macquarie). Sample clustering patterns by
microenvironment within each site represent the level of similarity between
samples based on the degree to which OTUs are shared between them. The
2D stress is shown in the upper right corner of the nMDS plot (Kruskal stress
formula = 1, minimum stress = 0.01). The nMDS for the three
microenvironments associated with the leaf is provided in
Supplementary Figure 6 and a hierarchical cluster analysis (CLUSTER) is
provided in Supplementary Figure 7.
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FIGURE 11 | Fungal community composition across seagrass microenvironments. Beta diversity of fungal microbiomes across the three seagrass microenvironments
studied here. Triplicate samples per microenvironment within each of the four sampling sites (n = 35) are colored by the highest assigned taxonomic level. Unique
OTUs were summarized at the species level, and the representation of taxonomic groups within each sample are plotted. Only representative species with a relative
abundance > 1% in all samples are shown to help remove visual clutter. RR, roots and rhizomes; Sed, sediment; SW, seawater; PB, Palm Beach; RB, Rose Bay; N,
Narrabeen Lagoon; LM, Lake Macquarie.
FIGURE 12 | Fungal discriminatory OTUs at the microenvironmental scale. Extensive hypothesis testing of taxonomic profiles was coupled with similarity percentages
analyses (SIMPER) for fungal microbiomes across microenvironments. The proportion of sequences (mean frequency %) of OTUs significantly over-represented
(Kruskal–Wallis H-test, α = 0.05, effect sizes: η2 ) and consistently contributing to the differences between microenvironments is indicated by varying color intensities.
Corrected p-values were calculated using the Benjamini–Hochberg’s approach. Two-way crossed SIMPER analyses were performed with site and microenvironment
variables as factors (S17 Bray–Curtis similarity matrix). High contributors were selected from the top-5 contributors of each pair-wise comparison between
microenvironments, and those OTUs consistently accounting for the dissimilarities between any given microenvironment and the other two microenvironments were
chosen as high contributors to couple with the statistical results. High contributors that were significantly over-represented were classified as discriminatory OTUs (i.e.,
1–4). OTUs are sorted by decreasing mean abundance, and samples are clustered by average neighbor distance (UPGMA, distance threshold = 0.75) and colored by
microenvironment. Different symbols represent the distribution of enriched phyla. High contributors that were not significantly over-represented (gray) were also
classified as discriminatory OTUs if their contribution to the differences between microenvironments was consistent. RR, roots and rhizomes; Sed, sediment; SW,
seawater.
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SUPPLEMENTARY FIGURE 6 | The seagrass leaf-associated microbiomes
(Fungi, unrarefied data). Non-parametric multidimensional scaling (nMDS) of
fungal microbiomes associated with the seagrass leaf (n = 36), based on a
lower triangular resemblance calculated with the S17 Bray–Curtis similarity
measure from relative abundances of OTUs (high values down-weighted with
square root). Samples are colored by microenvironment (UpL, upper leaf; LoL,
lower leaf; Sh, sheath), with different shapes for sites (PB, Palm Beach; RB,
Rose Bay; N, Narrabeen Lagoon; LM, Lake Macquarie). Clustering patterns by
microenvironment within each site represent the level of similarity between
samples based on the degree to which OTUs are shared between them. The
2D stress is shown in the upper right corner of the nMDS plot (Kruskal stress
formula = 1, minimum stress = 0.01).
SUPPLEMENTARY FIGURE 7 | Clustering patterns of the seagrass fungal
microbiome. Hierarchical cluster analysis (CLUSTER) of fungal microbiomes,
based on a lower triangular resemblance calculated with the S17 Bray-Curtis
similarity measure from relative abundances of OTUs (high values
down-weighted with square root). Samples are colored by microenvironment
(RR, roots and rhizomes; Sed, sediment, SW, seawater), with different shapes
for sites (PB, Palm Beach; RB, Rose Bay; N, Narrabeen Lagoon; LM, Lake
Macquarie). Group average linkage was used to calculate distances between
clusters and generate a dendogram and a cophenetic distance matrix
(unsupervised learning method). The cophenetic correlation index (CCI) is
provided in the upper right corner of the dendogram, and it was used to
assess the faithfulness of the dendogram by computing cophenetic correlation
coefficients.
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SUPPLEMENTARY TABLE 7 | Statistical analyses for fungal mean alpha
diversity (Chao1 diversity).
Main test ECV
Factor P(perm) Source Estimate Sq.root
Site 0.0051 S(si) 2045.20 45.22
Microenvironment (Site) 0.0006 S[mi(si)] 6070.30 77.91
V(Res) 3741.30 61.17
Pair-wise (Site)




LM 0.0002 0.0453 0.0003
Pair-wise (Micenv. PB)



















SUPPLEMENTARY TABLE 7 | Statistical analyses for bacterial mean alpha
diversity (Shannon’s diversity index).
Main test ECV
Factor P(perm) Source Estimate Sq.root
Site 0.0010 S(si) 14169.00 119.03
Microenvironment (Site) 0.0001 S[mi(si)] 57446.00 239.68
V(Res) 19028.00 137.94
Pair-wise (Site)




LM 0.0036 0.0307 0.0002
Pair-wise (Micenv. PB)



















Differences in alpha diversity as measured by Chao1 diversity across sites and
microenvironments (main test), between sites and between microenvironments within
sites (pair-wise) were tested for statistical significance in Permutational Multivariate
Analysis of Variance (PERMANOVA, Minkowski metric distance matrix, nesteddesign).
aMonte Carlo p-values used when there were not enough possible permutations
(unrestricted permutation method, 9,999permutations).
Significant values at the 0.05 level are shown ingrey.
ECV, estimates of components of variation; RR, roots and rhizomes; Sed, sediment; SW,
seawater; PB, Palm Beach; RB, Rose Bay; N, Narrabeen Lagoon; LM, LakeMacquarie.
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SUPPLEMENTARY TABLE 8 | Statistical analyses for multidimensional scaling
(Fungi).
Main test ECV
Factor P(perm) Source Estimate Sq.root
Site 0.0001 S(Si) 668.22 25.85
Microenvironment (Site) 0.0001 S[Mi(Si)] 1262.70 35.53
V(Res) 1407.70 37.52
Pair-wise (Site)




LM 0.0001 0.0239 0.0011
Pair-wise (Micenv. PB)



















Differences between fungal communities across sites and microenvironments (top),
between sites (middle), and between microenvironments within sites (bottom) were tested
for statistical significance in Permutational Multivariate Analysis of Variance (PERMANOVA,
Bray-Curtis dissimilarity matrix, nesteddesign).
aMonte Carlo p-values used when there were not enough possible permutations
(unrestricted permutation method, 9,999permutations).
Significant values at the 0.05 level are shown ingrey.
ECV, estimates of components of variation; RR, roots and rhizomes; Sed, sediment; SW,
seawater; PB, Palm Beach; RB, Rose Bay;N, Narrabeen Lagoon; LM, Lake Macquarie.
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